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ABSTRACT
Recent research focused on farmed deer has exposed many knowledge gaps regarding health 
assessment protocols for white-tailed deer (WTD). The objectives of this study were to establish 
de novo blood analyte reference intervals for farmed WTD fawns at birth (1–2 days of age; 
n = 84) and again at weaning (76–125 days of age; n = 28), to compare data at birth and at 
weaning to understand how these analytes are affected by the intrinsic factors age and sex in 
clinically normal WTD fawns, and to compare between clinically normal and sick WTD 
weanlings (respiratory disease n = 12; orbivirus-infected n = 6). Reference intervals were 
established for WTD fawns at birth and weaning. Female WTD neonates had significantly 
higher red blood cell counts, hematocrit, and hemoglobin compared to males. Most blood 
analytes were significantly different in clinically normal WTD neonates compared to weanlings, 
suggesting an effect of age. The observed sex- and age-related variations in WTD highlight 
the need to establish reference intervals that account for intrinsic factors. The comparison of 
clinically normal and sick WTD weanlings in this study identified higher MCHC and absolute 
monocytes in sick weanlings but these findings were presumably not biologically relevant 
given the small sample size for sick fawns. While the reference interval data presented herein 
will be useful for the veterinary care of WTD fawns at critical time periods in a high-density 
farm setting, this study also demonstrates the need to identify more sensitive and specific 
biomarkers for the assessment of health status in farmed WTD with specific underlying 
diseases.

Introduction

Cervid farming represents a viable and important 
industry in rural America with an estimated total 
economic impact of $3.0 billion nationally (Anderson 
et  al. 2007). Fawns represent the basis of production 
for cervid farmers and the future genetics of the 
industry; therefore, a high survival rate is essential 
for operational success. Farmed white-tailed deer 
(WTD) fawns are disproportionately affected by acute 
bacterial infections, particularly respiratory tract dis-
ease caused by Fusobacterium spp (Brooks and 
Jayarao 2008; Brooks et  al. 2014). and Trueperella pyo-
genes (formerly Arcanobacterium pyogenes), and 
enterocolitis due to Clostridium perfringens and 
Escherichia coli (Hattel et  al. 2016). In addition to bac-
terial infections, significant causes of mortality in 
fawns include epizootic hemorrhagic disease virus 
(EHDV) and bluetongue virus (BTV) in areas where 
these are endemic (Howerth et  al. 2000). WTD may 

be exposed several times to EHDV and BTV, and 
fawns have passive immunity due to the presence of 
maternal antibodies (Ruder et  al. 2015). Periodic out-
breaks of these Culicoides-borne viruses occur during 
late summer to early autumn when fawns begin to 
lose their protective maternal antibodies (Howerth 
et  al. 2000; Gaydos et  al. 2002). Due to the acute 
onset and etiologic diversity of these frequently 
encountered diseases in fawns, rapid and effective 
diagnostics are necessary for early intervention and 
development of monitoring and treatment strategies.

While several diagnostic tools are used to assess 
WTD health, none are without drawbacks. For 
instance, nucleic acid-based assays typically depend 
on polymerase chain reaction (PCR) detection of dis-
ease-causing agents, including the detection of viral 
RNA (vRNA) from EHDV and BTV. While accurate, 
these methods can be expensive, time-consuming, 
and rely on the extraction of rapidly degrading 
genetic material by experienced laboratory 
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personnel. Antibody assays, such as virus neutraliza-
tion tests (Stallknecht et  al. 1995) or commercially 
available enzyme-linked immunosorbent assays 
(ELISAs), while generally useful for determining anti-
genic exposure, cannot differentiate between current 
and past infections. Therefore, the application of 
other diagnostic modalities for common conditions 
and diseases in farmed WTD is warranted.

Blood analyses, such as complete blood count 
(CBC) and serum biochemistry are some of the most 
cost-effective and readily available methods of health 
screening and for diagnosis of the presence of under-
lying disease in any species (Harvey 2012). 
Additionally, protein electrophoresis and the acute 
phase protein serum amyloid A have been shown to 
have potential utility for the health assessment of 
WTD (Cray et  al. 2019). Blood analysis for hematol-
ogy and serum chemistry of WTD fawns has been 
the subject of multiple investigations given the 
importance of WTD as a game species. Hematological 
analytes of captive and free-ranging WTD fawns are 
useful indicators of general health and nutritional 
status (DelGiudice et  al. 1987; Rawson et  al. 1992; 
Sams et  al. 1996). Intrinsic factors, such as age and 
sex have been found to influence hematological data 
in WTD, likely due to metabolic and hormonal shifts 
(Seal and Erickson 1969; Tumbleson et  al. 1970). 
Experimental infections in WTD with EHDV-2 and 
BTV-10 have been previously associated with changes 
in blood analytes, specifically marked lymphopenia 
of <1000 cells/µl in severely affected animals, indicat-
ing that hematological data may be useful in differ-
entiating deer with active orbiviral infections (Quist 
et  al. 1997).

Many of the previously published studies included 
farmed deer at lower animal densities, have not spe-
cifically evaluated the crucial neonatal or weaning 
time periods in their analyses, presented a limited 
number of blood analytes, or have not been gener-
ated according to American Society for Veterinary 
Clinical Pathology (ASVCP) guidelines as outlined in 
Friedrichs et  al. (2012). Since it is generally under-
stood that hematology and serum biochemistry data 
can be influenced by many factors, such as age, sex, 
geographic location, nutritional status, and stress 
(DelGiudice et  al. 1987; Rawson et  al. 1992; Sams 
et  al. 1996), these previous studies may not reflect 
the unique environmental and husbandry conditions 
that WTD fawns encounter in a farmed setting in 
Florida. Therefore, this study sought to focus on 
these knowledge gaps. The objectives of this study 
were (1) to establish de novo hematological and 
serum biochemical reference intervals for farmed 
WTD fawns at birth (1–2 days of age; n = 84) and at 
weaning (76–125 days of age; n = 28), (2) to compare 
blood analyte data at birth and at weaning to under-
stand how these analytes are affected by the intrin-
sic factors age and sex in clinically normal WTD 
fawns, and (3) to compare these data between clini-
cally normal and sick WTD weanlings (respiratory dis-
ease n = 12; orbivirus-infected n = 6). This study will 
support improvements in veterinary care of WTD 

fawns at critical time periods, specifically when deer 
farmers are routinely handling their stock at birth 
and weaning.

Materials and methods

Ethics statement

This study was approved by the University of Florida’s 
Institutional Animal Care and Use Committee (IACUC) 
as study #201508838.

Study population

Blood samples from neonatal (n = 111) and weaned 
(n = 49) WTD fawns were collected from a cervid farm 
located in Gadsden County, Florida, between May 
2016 and September 2017. Pregnant dogs were fed 
commercially available, high-protein feed (Record 
Rack–Sportsman’s Choice, Cargill, Minneapolis, MN, 
USA). Additionally, the pens were seeded with 
improved forage of Bahia and Florida native grasses. 
Farmed animals were kept in pens at high densities 
(~1200 animals/km2), as opposed to the 8 animals/
km2 wild population density estimates reported in 
northwest Florida (Cauvin et  al. 2020). At the time of 
birth, neonates were provided with probiotic fawn 
paste (C&E Wildlife Products, Laredo, TX, USA), as 
well as Clostridium C&D antitoxin (Clostratox BCD, 
Novartis, Basel, Switzerland). All neonatal fawns 
included in the study were classified as clinically nor-
mal upon handling based on visual examination (e.g. 
bright, alert, absence of external injuries, absence of 
any overt clinical abnormalities) and were tested for 
orbivirus infection by RT-qPCR as described below. 
One animal was excluded from the study due to 
congenital abnormalities and subsequent failure to 
thrive. An additional 25 neonatal fawns were 
excluded from the establishment of reference inter-
vals due to insufficient sample volume or excessive 
blood sample clotting.

At ~3–4 months of age, a subset of these same 
fawns was then resampled as they were weaned 
from their does in September 2016 (cohort 1) and 
2017 (cohort 2). Some animals were not resampled 
due to being released from the study pens onto the 
surrounding private preserve and/or were not 
included in routine handling during subsequent sam-
pling efforts (n = 42), or perished due to acute infec-
tion before resampling efforts (n = 21). As weanlings 
were handled as part of routine husbandry practices, 
their health status was evaluated and venipuncture 
was performed. Deer were categorized as ‘clinically 
normal’ as per the criteria described above for neo-
nates. Deer were considered to have respiratory dis-
ease if they displayed clinical signs including purulent 
nasal discharge or hacking/rattling cough and accom-
panying lethargy. Weanlings were also considered 
‘sick’ if they tested positive for orbivirus vRNA using 
molecular methods, even in the absence of clinical 
disease, and consequently were excluded from the 
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clinically normal group. Therefore, three categories of 
health status were considered in weanlings: ‘clinically 
normal’, ‘respiratory disease’, and ‘orbivirus-infected’.

Sample collection and processing

Samples from neonatal fawns were collected within 
24–48 h of birth during the fawning seasons of May-
June 2016 and 2017. Immediately following capture, 
they were momentarily mechanically restrained 
either by hand or by being placed in a small canvas 
bag for venipuncture.

Samples were collected from weaned fawns at 
~3–4 months (average 100 days, range 75–126 days) 
of age. Weanlings were momentarily mechanically 
restrained using a drop-chute (Mama Deerhandler™, 
Delclayna Whitetail & Bison Co., Little Falls, MN, USA). 
Deer were not chemically immobilized, as such drugs 
have been shown to affect hematological and bio-
chemical analytes (Mautz et  al. 1980; Boesch 
et  al. 2011).

All blood samples were collected using 18 G nee-
dles by either saphenous (neonates) or jugular 
(weanlings) venipuncture immediately (within 
1–2 min) following restraint and transferred into 6 mL 
Vacutainer serum separator tubes (Becton Dickinson, 
Franklin Lakes, NJ, USA) followed by 1 and 6 mL 
EDTA-dry coated Vacutainer tubes (Fisher Scientific, 
Hampton, NH, USA). Serum samples were spun for 
15 min at 15,000× g within ~1 h of sample collection. 
EDTA whole blood samples were carefully inverted 
immediately after collection to ensure proper mixing 
with anticoagulant. Well-mixed EDTA whole blood 
was used to prepare two blood films per sample 
immediately after blood collection. Whole blood and 
serum samples were kept at 4 °C for <24–72 h before 
shipment, with the exclusion of serum from the 2017 
neonatal fawns, which was frozen at −80 °C within 
24–48 h of collection.

All serum and whole blood samples were shipped 
on ice packs overnight to the University of Miami 
Avian and Wildlife Laboratory. Serum biochemical 
analysis included glucose, blood urea nitrogen (BUN), 
creatinine, calcium (Ca), phosphorus (P), total protein, 
and alanine aminotransferase (ALT) using a dry 
chemistry analyzer (Ortho Vitros 250 analyzer, Ortho 
Clinical Diagnostics, Rochester, Ny, USA). A CBC was 
performed on whole blood samples using a commer-
cial analyzer (Hemavet 950, Drew Scientific, Miami 
Lakes, FL, USA) and included the following analytes: 
white blood cell count (WBC), red blood cell count 
(RBC), hemoglobin (HGB), hematocrit (HCT), mean 
cell volume (MCV), mean corpuscular hemoglobin 
(MCH), and mean corpuscular hemoglobin concen-
tration (MCHC). Samples that were visually clotted or 
hemolyzed more than 1 on a hemolysis scale of 1–3 
were excluded from further analyses (n = 11 neo-
nates, n = 2 weanlings).

Blood films were manually stained with Wright-
Giemsa and evaluated with a compound light micro-
scope for overall blood cell distribution (i.e. presence 

of cellular monolayer, presence of platelet clumps, 
identification of hemoparasites, etc.), blood cell mor-
phology, and WBC differential. The automated WBC 
count was used to calculate absolute numbers of the 
WBC differential, including segmented absolute neu-
trophils (Absolute Segs ×109/L), absolute lympho-
cytes (Absolute Lymph ×109/L), absolute monocytes 
(Absolute Mono ×109/L), absolute eosinophils 
(Absolute Eos ×109/L), and absolute basophils 
(Absolute Basos ×109/L). Quantitative platelet evalua-
tion by hematology analyzer and blood film review 
was not considered accurate due to excessive plate-
let clumping, and therefore platelet quantification 
was excluded from the analysis.

Lastly, EDTA-whole blood from all animals was 
tested for epizootic hemorrhagic disease virus (EHDV) 
and bluetongue virus (BTV) vRNA by RT-qPCR using 
the assay as previously described by Wernike 
et  al. (2015).

Statistical analysis

Development of reference intervals for each blood 
analyte was conducted using the Reference Interval 
Advisor freeware v 2.1 (http://www.biostat.envt.fr/
reference-value-advisor/) (Geffré et  al. 2011). This 
package develops reference intervals in accordance 
with the guidelines set forth by the American Society 
for Veterinary Clinical Pathology (ASVCP) (Friedrichs 
et  al. 2012) in Microsoft Excel. All reference intervals 
were calculated using this method with 90% confi-
dence intervals (CI). Data were evaluated for normal-
ity using the Shapiro-Wilk test (Shapiro and Wilk 
1965) and outliers were removed. For variables that 
were normally distributed, parametric methods were 
utilized to determine reference intervals. As outlined 
in Friedrichs et al. (2012), non-Gaussian analytes were 
either Box-Cox transformed or reference intervals 
were constructed by non-parametric methodology. 
For non-parametrically developed reference intervals, 
90% CI was calculated using a bootstrap methodol-
ogy (Geffré et  al. 2011).

Further comparative statistical analyses for blood 
analytes of neonates and weanlings, males and 
females, and clinically normal and sick weanlings 
were carried out using the base ‘stats’ package in the 
statistical program, R v.3.5.0 (R Core Team 2017). 
Linear mixed effects models (LMMs) were used to 
assess the fixed effects of age, sex, and health status 
on the 21 blood analytes using the lme4 package 
(Bates et  al. 2015). Select analytes were log-trans-
formed to better meet the assumption of normality. 
For each analyte, a global model was constructed 
that included age, sex, and health status as fixed 
effects. To address non-independence of data due to 
repeated measures of the same individual and batch 
effects, the year of sampling, the pen the animal was 
kept in, and individual subject ID were also included 
in the model as random effects [lmer model: 
Dependent Variable ~ Age + Sex + Health Status + (1| 
year)  +  (1| Pen)  +  (1| SampleID)]. The ‘Anova’ function 

http://www.biostat.envt.fr/reference-value-advisor/
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of the Car package was used to calculate the χ2 and 
p-values and conditional R2 values were computed 
using the ‘R.squaredGLMM’ function of the MuMIn 
package (Barton 2015). The residual plots were visu-
ally inspected and only models that did not obvi-
ously violate the assumptions of linear models were 
retained (n = 13).

To further investigate the differences in blood 
analytes between males and females of different age 
groups, a t-test with Welch correction was utilized for 
parametric data while a Mann-Whitney test was per-
formed for nonparametric data. Because the health 
status of weanlings had three categories (i.e. clini-
cally normal, respiratory disease, or with orbivirus 
infection), a one-way analysis of variance (ANOVA) 
was conducted for parametric data, while a Kruskal-
Wallis comparison was utilized for nonparametric 
variables (Kruskal and Wallis 1952). Tukey’s honest 
significant difference test (Tukey 1949) was con-
ducted on ANOVA results while Dunn’s post-hoc test 
(Dunn 1964) was used for Kruskal-Wallis to further 
elucidate which health status was causing significant 
differences.

Results

Reference intervals: neonates and weanlings

Reference intervals for clinically normal captive-raised 
neonatal WTD (n = 84) hemogram and serum bio-
chemical data are summarized in Tables 1 and 2. 
Hematological and serum biochemical reference 
intervals for clinically normal captive-raised weanling 
WTD (n = 28) are summarized in Tables 3 and 4. 
Hemoparasites were absent in any neonatal blood 
film. Four weanlings had rare visible Plasmodium 
odocoilei organisms present in their blood films, 
though these animals were classified as sick with 
orbiviral infection (n = 1) or respiratory disease (n = 2), 
or had a clotted sample (n = 1) and were therefore 
excluded from the reference interval calculations. 
Published reference intervals from other studies for 

neonatal free-ranging and captive fawns are summa-
rized in Tables 5 and 6 for comparison to established 
reference intervals from this study.

Linear mixed effects models and age and sex

Linear mixed models were constructed, and models 
for 13 analytes met assumptions and were retained. 
Summary statistics for the fixed effects of age, sex, 
and health status on these blood analytes are sum-
marized in Table 7. Age had a significant effect on 
9/13 (69%) of blood analytes. Weanlings had signifi-
cantly higher WBC, RBC, HGB, HCT, Absolute Lymphs, 
glucose, BUN, Ca, and ALT than neonates (p < 0.05) 
(Table 7; Figure 1). Age did not have a significant 
effect on Creatinine, BUN:Creatinine, P, or Total 
Protein (p > 0.05) (Table 7). Sex had a significant 
impact on RBC, HGB, and HCT values (p < 0.05) (Table 
7; Figure 2). These differences were primarily driven 
by female WTD neonates. They displayed higher 
mean RBC (9.21 × 1012/L vs. 8.33 × 1012/L; p = 0.0037), 
HGB (8.62 vs. 7.74 g/dL; p = 0.0071), and HCT (29.1 vs. 
26.4%; p = 0.020) than neonatal males (Figure 2). 
There were no other significant differences in hema-
tological or serum biochemical analytes between 
sexes in neonates or between sexes in weanlings (all 
p-values >0.05). There were no significant differences 
in blood analytes across any of the health states 
(p > 0.05) (Table 7).

Comparison of blood analytes in clinically normal 
and sick weanlings

Twenty-eight clinically normal and 18 sick WTD 
weanlings were compared, 12 of which had clinical 
evidence for respiratory tract disease and 6 of which 
tested positive for orbiviral vRNA (5 were RT-qPCR 
positive for EHDV, and 1 was RT-qPCR positive for 
BTV). Absolute monocyte count was marginally sig-
nificant by Kruskal-Wallis (p = 0.04); however, post-hoc 
analysis by Dunn’s test revealed that pairwise 

Table 1. Mean, median, lower, and upper reference intervals for hematological analytes (90% confidence intervals [Ci]) of 
clinically normal captive-raised neonatal white-tailed deer (Odocoileus virginianus) in Si units.

analyte

Descriptive statistics 95% ri

units n Mean Median Min Max
lower limit and 90% 

Ci
upper limit and 90% 

Ci Distribution

rBC ×1012/l 84 8.73 8.47 4.90 12.5 5.77 5.38–6.26 11.5 11.0–12.1 P
HGB g/dl 84 8.14 8.00 4.00 12.1 4.26 4.00–6.30 11.28 10.80–11.60 nP
HCt % 84 27.6 27.0 16.0 42.0 16.30 16.0–22.1 36.8 35.0–42.0 nP
MCV fl 84 31.7 31.0 28.0 41.0 28.1 28.0–29.0 38.9 35.9–41.0 nP
MCH pg 84 9.4 9.5 7.0 12.0 7.0 7.0–7.0 12.0 11.0–12.0 nP
MCHC % 84 29.5 30.0 23.0 36.0 24.0 23.0–24.1 33.0 33.0–36.0 nP
WBC ×109/l 84 2.85 2.70 0.50 7.55 0.74 0.58–0.93 6.36 5.60–7.08 nP, t
absolute 

neutrophils
×109/l 79 2.08 1.94 0.36 4.78 0.33 nD–0.46 4.64 4.12–5.13 nP, t

absolute 
lymphocytes

×109/l 80 0.66 0.53 0.13 2.21 0.18 0.15–0.22 1.61 1.31–1.89 nP, t

absolute 
monocytes

×109/l 81 0.02 0.00 0.00 0.12 0.00 0.00–0.00 0.10 0.08–0.12 nP

absolute 
eosinophils

×109/l 81 0.03 0.02 0.00 0.16 0.00 0.00–0.00 0.16 0.12–0.16 nP

absolute basophils ×109/l 81 0.01 0.00 0.00 0.06 0.00 0.00–0.00 0.06 0.04–0.06 nP

rBC: red blood cell count; HGB: hemoglobin; HCt: hematocrit; MCV: mean corpuscular volume; MCH: mean corpuscular hemoglobin; MCHC: mean 
corpuscular hemoglobin concentration; WBC: white blood cell count; P: parametric; nP: non-parametric.
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comparison of health groups was not driving these 
differences (all corrected p > 0.05). Additionally, MCHC 
was significantly different among health categories 
(p = 0.027), with post-hoc analyses by Tukey’s test 
showing that HD-positive animals had significantly 
higher MCHC. However, the average MCHC for 
HD-positive animals (28.0) was within the reference 
range of clinically normal individuals established in 
this study. Health status did not have a significant 
effect on any other blood analytes between wean-
lings with orbivirus infection detected by PCR or 
respiratory disease and clinically normal weanlings, 

or between weanlings with orbivirus infection and 
respiratory disease (p-values >0.05).

Discussion

White-tailed deer farming is an important industry 
with a need for the development of hematological 
and serum biochemical reference intervals that con-
sider various extrinsic and intrinsic factors. The results 
of this study demonstrate that intrinsic factors, such 
as age and sex can impact blood analytes in farmed 
WTD fawns. Furthermore, we developed de novo 

Table 2. Mean, median, lower, and upper reference intervals (90% confidence intervals [Ci]) for serum biochemical analytes 
for clinically normal captive-raised neonatal white-tailed deer (Odocoileus virginianus) in Si units.

analyte

Descriptive statistics 95% ri

units n Mean Median Min Max
lower limit and 90% 

Ci
upper limit and 90% 

Ci Distribution

Glucose mmol/l 75 5.66 5.66 2.86 8.68 3.35 2.97–3.76 8.07 7.71–8.48 P
Bun mmol/l 76 6.71 6.78 2.50 13.6 2.50 2.50–3.18 12.6 10.0–13.6 nP
Creatinine µmol/l 76 93.7 88.4 53.0 168 53.0 53.0–61.9 168 160–168 nP
Bun: Crea – 76 0.07 0.07 0.04 0.17 0.04 0.04–0.04 0.15 0.13–0.17 nP, t
Calcium mmol/l 75 2.41 2.40 2.00 2.80 2.09 2.00–2.19 2.71 2.61–2.80 nP
Phosphorus mmol/l 73 3.09 3.17 1.91 4.0 2.13 1.94–2.35 3.88 3.76–4.00 nP, t
Ca: P ratio – 72 0.79 0.77 0.53 1.17 0.57 0.53–0.61 1.14 1.05–1.17 nP
Protein g/l 75 56.9 55.0 37.0 93.0 37.9 3.70–42.0 77.7 72.0–93.0 nP
alt µkat/l 74 0.68 0.66 0.15 1.17 0.41 0.17–0.48 1.04 0.88–1.17 nP

Bun: blood urea nitrogen; Crea: creatinine; Ca: calcium; P: phosphorus; alt: alanine aminotransferase.

Table 3. Mean, median, lower, and upper reference intervals for blood analytes (90% confidence intervals [Ci]) for clinically 
normal captive-raised weanling white-tailed deer (Odocoileus virginianus) in Si units.

analyte

Descriptive statistics 95% ri

units n Mean Median Min Max
lower limit and 90% 

Ci
upper limit and 90% 

Ci Distribution

rBC ×1012/l 28 18.4 19.2 10.5 24.3 10.5 8.56–12.5 26.4 24.3–28.5 P
HGB g/dl 25 14.7 14.7 10.7 19.2 10.5 9.50–11.7 18.8 17.7–20.0 P
HCt % 28 53.9 56.5 31.0 69.0 22.5 nD–37.2 71.3 68.0–73.9 nP, t
MCV fl 28 29.3 29.0 28.0 30.0 – – – – –
MCH pg 28 7.5 7.0 6.0 9.0 – – – – –
MCHC % 28 25.3 25.0 20 30 20.1 18.9–21.4 30.4 29.0–31.7 P
WBC ×109/l 27 3.46 3.50 1.6 6.0 0.99 0.39–1.62 5.92 5.25–6.57 P
absolute 

neutrophils
×109/l 28 1.51 1.15 0.51 3.36 0.45 0.40–0.55 3.90 2.80–4.99 nP, t

absolute 
lymphocytes

×109/l 28 1.92 1.83 0.70 3.62 0.56 0.45–0.78 3.92 3.28–4.61 nP, t

absolute 
monocytes

×109/l 28 0.02 0.00 0.00 0.08 – – – – –

absolute 
eosinophils

×109/l 28 0.13 0.09 0.00 0.49 0.000 nD–0.01 0.46 0.32–0.68 nP, t

absolute basophils ×109/l 28 0.004 0.000 0.0 0.04 – – – – –

rBC: red blood cell count; HGB: hemoglobin; HCt: hematocrit; MCV: mean corpuscular volume; MCH: mean corpuscular hemoglobin; MCHC: mean 
corpuscular hemoglobin concentration; WBC: white blood cell count; P: parametric; nP: non-parametric; t: Box-Cox transformed data.

Table 4. Mean, median, lower, and upper reference intervals (90% confidence intervals [Ci]) for serum biochemical analytes 
for clinically normal captive-raised weanling white-tailed deer (Odocoileus virginianus) in Si units.

analyte

Descriptive statistics 95% ri

units n Mean Median Min Max
lower limit and 90% 

Ci
upper limit and 90% 

Ci Distribution

Glucose mmol/l 26 8.64 8.63 5.10 11.65 5.57 4.68–6.48 11.75 10.8–12.6 P
Bun mmol/l 26 8.28 8.21 5.35 10.4 4.64 3.63–5.85 11.03 10.4–11.5 nP, t
Creatinine µmol/l 26 104 97.2 79.6 141 69.9 61.5–78.8 138 128–147 P
Bun:Crea – 25 0.08 0.08 0.06 0.12 0.05 0.05–0.06 0.13 0.11–0.15 nP, t
Calcium mmol/l 26 2.64 2.60 2.50 2.80 – – – – –
Phosphorus mmol/l 26 3.14 3.18 2.10 3.91 2.12 1.86–2.42 4.20 3.95–4.48 P
Ca:P – 26 0.86 0.83 0.66 1.29 0.65 0.63–0.68 1.27 1.11–1.45 nP, t
Protein g/l 26 58.3 58.2 53.0 65.0 50.8 48.8–52.5 65.5 63.1–67.3 P
alt µkat/l 26 1.33 1.30 0.77 1.79 0.75 0.62–0.90 1.90 1.74–2.04 P

Bun: blood urea nitrogen; Crea: creatinine; Ca: calcium; P: phosphorus; alt: alanine aminotransferase.



6 A. R. CAUVIN ET AL.

hematological and serum biochemical reference 
intervals for farmed WTD fawns at two critical 
life stages.

There was appreciable agreement between the 
blood analyte data established for farmed neonates 
in our study and those previously published for 
penned neonatal WTD (Johnson et  al. 1968), with 
most of those data falling within the ranges estab-
lished in our study except for HGB and MCH, which 
we found to be lower (4.3 vs. 7.6 g/dL, and 7.0 vs. 
11.4 pg in our study vs. Johnson et  al. 1968, respec-
tively). There were also some notable differences in 
blood analytes when comparing our data to Seal and 
Erickson (1969), specifically RBC and MCHC. The main 

consideration for this divergence in hematological 
data includes methodology differences. Seal and 
Erickson (1969) used a cell counter to measure RBC 
and a formula to convert packed cell volume to 
MCHC, and Johnson et  al. (1968) measured RBC and 
WBC via hemocytometer and hemoglobin via col-
orimeter. The data in the current study, however, 
were determined by an automated hematology ana-
lyzer that is presumptively more sensitive for the 
quantification of lower WBC counts. Further consider-
ations for the differences between studies include 
variations due to diet or environmental factors (e.g. 
season), as these have been demonstrated to influ-
ence hematological analytes (DelGiudice et  al. 1992). 

Table 6. Serum biochemical reference intervals for neonatal captive-raised white-tailed deer (WtD; Odocoileus virginianus) 
were established in this study, as compared to those established for WtD in previous studies.

analyte units Our study, neonates Our study, weanlings

Johnson et  al. for 
penned neonate 

WtD
Smith et  al. for WtD 

fawns

Glucose mmol/l 3.35–8.07 5.57–11.75 5.66–7.74 1.85–13.2
Bun mmol/l 2.50–12.6 4.64–11.03 – 5.64–13.32
Creatinine µmol/l 53.0–168 69.9–138 – 70.7–286
Bun:Crea – 0.04–0.15 0.05–0.13 – –
Calcium mmol/l 2.09–2.71 – – 2.30–3.03
Phosphorus mmol/l 2.13–3.88 2.12–4.20 – 2.36–5.98
Protein g/l 37.9–77.7 50.8–65.5 46–62 58–85
alt µkat/l 0.17–1.04 0.75–1.90 – –

Bun: blood urea nitrogen; Crea: creatinine; Ca: calcium; P: phosphorus; alt: alanine aminotransferase.

Table 5. Hematological reference intervals for neonatal captive-raised white-tailed deer (WtD; Odocoileus virginianus) estab-
lished in our study, as compared to those established for WtD in previous studies.

analyte units Our study, neonates Our study, weanlings

Johnson et  al. for 
penned neonate 

WtD

Seal and erickson 
(1969) for juvenile 

WtD

WBC ×109/l 0.74–6.36 0.99–5.92 – –
rBC ×1012/l 5.77–11.5 10.5–26.4 7.11–8.51 9.6–13.6
HGB g/dl 4.26–11.28 10.5–18.8 7.6–9.2 10.4–16.3
HCt % 16.3–36.8 22.5–71.3 29.1–32.7 32.4–48.6
MCV fl 28.1–38.9 – 37.4–42.6 30.7–39.6
MCH pg 7.0–12.0 – 11.4–13.4 –
MCHC % 24.0–33.0 20.1–30.4 23.8–31 31.3–34.9
absolute neutrophils ×109/l 0.33–4.64 0.45–3.90 – –
absolute lymphs ×109/l 0.18–1.61 – – –
absolute monocytes ×109/l 0–0.01 – – –
absolute eosinophils ×109/l 0–0.16 0–0.46 – –
absolute basophils ×109/l 0–0.06 – – –

rBC: red blood cell count; HGB: hemoglobin; HCt: hematocrit; MCV: mean corpuscular volume; MCH: mean corpuscular hemoglobin; MCHC: mean 
corpuscular hemoglobin concentration; WBC: white blood cell count; P: parametric; nP: non-parametric; t: Box-Cox transformed data.

Table 7. Summary of chi-squared, degrees of freedom, p-values, and conditional R2 values from linear mixed effects models 
of blood analytes in white-tailed deer fawns.

age Health status Sex R2c
WBC χ² = 7.2780, df = 1, p = 0.00698 χ² = 3.2216, df = 2, p = 0.19973 χ² = 0.3406, df = 1, p = 0.55951 0.46
rBC χ² = 425.4980, df = 1, p = <2.2e-16 χ² = 2.3245, df = 2, p = 0.312779 χ² = 7.6249, df = 1, p = 0.005757 0.87
HGB χ² = 133.8264, df = 1, p = <2e-16 χ² = 3.0334, df = 2, p = 0.21944 χ² = 5.9537, df = 1, p = 0.01469 0.68
HCt χ² = 328.1243, df = 1, p = <2.2e-16 χ² = 2.1061, df = 2, p = 0.348873 χ² = 7.5032, df = 1, p = 0.006159 0.83
lymphocytes χ² = 90.1337, df = 1, p = <2e-16 χ² = 2.8732, df = 2, p = 0.2377 χ² = 1.2294, df = 1, p = 0.2675 0.56
Glucose χ² = 94.3298, df = 1, p = <2e-16 χ² = 2.0010, df = 2, p = 0.3677 χ² = 1.1164, df = 1, p = 0.2907 0.61
Creatinine χ² = 3.3119, df = 1, p = 0.06878 χ² = 1.8296, df = 2, p = 0.40059 χ² = 0.4807, df = 1, p = 0.48812 0.10
Bun:Creatinine χ² = 2.5632, df = 1, p = 0.1094 χ² = 0.2315, df = 2, p = 0.8907 χ² = 0.0223, df = 1, p = 0.8814 0.17
Ca χ² = 54.8351, df = 1, p = 1.311e-13 χ² = 3.3597, df = 2, p = 0.1864 χ² = 0.2509, df = 1, p = 0.6164 0.43
P χ² = 0.9946, df = 1, p = 0.3186 χ² = 0.3864, df = 2, p = 0.8243 χ² = 0.0000, df = 1, p = 0.9997 0.07
Ca:P χ² = 4.4522, df = 1, p = 0.03486 χ² = 0.3026, df = 2, p = 0.85959 χ² = 0.1446, df = 1, p = 0.70374 0.07
total Protein χ² = 1.1434, df = 1, p = 0.2849 χ² = 1.9071, df = 2, p = 0.3854 χ² = 0.0260, df = 1, p = 0.8718 0.17
alt χ² = 171.6989, df = 1, p = <2e-16 χ² = 0.9732, df = 2, p = 0.6147 χ² = 0.5797, df = 1, p = 0.4464 0.69

rBC: red blood cell count; HGB: hemoglobin; HCt: hematocrit; MCV: mean corpuscular volume; MCH: mean corpuscular hemoglobin; MCHC: mean 
corpuscular hemoglobin concentration; WBC: white blood cell count.

Significant coefficients are indicated in bold.
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Additionally, the high density of study animals poten-
tially resulted in the observed higher ranges of WBC 
counts (e.g. higher density pressure resulting in 
stress).

There was remarkably close agreement between 
chemistry reference range data for Texas cap-
tive-raised WTD fawns (Smith 2012) and those in our 
study. However, the lower range for BUN was lower 
for Florida WTD fawns in our study compared to 

Texas WTD fawns, suggesting potential dietary dif-
ferences or analytical differences of chemistry ana-
lyzers between studies (e.g. Ortho Vitros 250 using 
dry chemistry in this study as compared to Roche 
Modular using wet chemistry analysis in Smith 2012). 
Creatinine, calcium, phosphorus, and total protein 
were only marginally lower in our study, indicating 
that husbandry and possibly geographical location 
may not strongly influence these analytes. There 

Figure 1. Box plots of all significantly different blood analytes resulting from the comparison between neonatal and weanling 
white-tailed deer (Odocoileus virginianus) fawns by age. WBC: white blood cell count; rBC: red blood cell count; HGB: hemo-
globin; HCt: hematocrit; MCV: mean cell volume; MCH: mean corpuscular hemoglobin; MCHC: mean corpuscular hemoglobin 
concentration; Bun: blood nitrogen urea; Ca: calcium; P: phosphorus; alt: alanine aminotransferase.
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were only marginal differences between total pro-
tein ranges from our study and those previously 
published by Johnson et  al. (1968); however, the 
lower range for serum glucose in our study was 
much less, which could be caused by delay in pro-
cessing due to field conditions, variations in mater-
nal or fawn diet, and/or differences in analytical 
methods (e.g. the manual Folin-Wu method used for 
blood glucose estimation by Johnson et  al. (1968) is 
neither considered sensitive nor specific as com-
pared to automated analyzers). Overall, while there 
is a similarity between our neonatal WTD reference 
intervals and those previously established for neona-
tal and adult WTD (Johnson et al. 1968; Powell and 
DelGiudice 2005; Smith et al. 2012), the differences 
for various serum biochemical analytes suggest the 
need for method- and species-specific reference 
intervals that consider intrinsic factors.

The results of the mixed effects models demon-
strate that age and sex are significant factors affecting 
blood analyte data in WTD. Blood analytes in fawns 
appear to change rapidly within the first three months 
after birth, indicating substantial physiological changes 
associated with growth, including the development of 
the immune system and changes in metabolism. 
While White and Cook (White and Cook 1974) reported 
no significant differences in hematological data with 
increasing age, this was contradicted by Rawson et  al. 
(1992) who found that RBC, packed cell volume (PCV), 
and MCHC were all positively correlated with age in 
WTD fawns and MCV was inversely related. Seal and 
Erickson (1969) also reported age and sex differences 
in their blood analyte data. Therefore, age and sex 
should be considered as important factors when inter-
preting hematological analytes in WTD fawns.

One limitation of this study was the low number 
of sick animals in both ‘sick’ fawn groups. There 
appeared to be no differences between the data for 
clinically normal weanling WTD and that of orbivi-
rus-infected deer, contradicting previous studies that 
detailed lymphopenia in response to orbivirus infec-
tions (Quist et  al. 1997). While our study identified a 
significant difference in absolute monocytes between 
clinically normal and sick weanlings, these findings 
were presumably not biologically relevant, as the dis-
eased animal values were within the established ref-
erence intervals and/or the margin of error on the 
machine and/or the values were close enough that it 
would not be considered significant by veterinarians. 
Other studies have found blood analytes indicative 
of disease and parasite burdens in WTD (Sams et  al. 
1996; Cray et  al. 2019). Our analyses are based on a 
comparison of blood data from only 29 clinically nor-
mal and 18 sick individuals, and we may not have 
had the sample size to yield statistical significance in 
blood analyte differences. Additionally, these samples 
were only collected during one time point in orbivi-
rus infection and respiratory disease presentation 
and may have been collected too early or late in the 
course of infection to have been reflected in the 
blood analyses. Therefore, further studies with larger 
sample sizes across a time series of infection might 
be useful to determine the diagnostic performance 
of blood analytes in diseased WTD fawns.

Despite a sample size compliant with previously 
established studies for non-companion mammalian 
species and the use of the recommended ASVCP sta-
tistical methodology for reference ranges (Friedrichs 
et  al. 2012), there are a few limitations to this study. 
Principally, the neonatal fawns originated from a 

Figure 2. Box plots showing blood analytes that were significantly different in captive-raised female (F) neonatal white-tailed 
deer (Odocoileus virginianus) compared to males (M). rBC: red blood cell count; HGB: hemoglobin; HCt: hematocrit.
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relatively homogenous population that was fed the 
same diet and came from the same facility, which 
may limit the utility of extrapolating these ranges to 
other populations. Despite this, the husbandry prac-
tices encountered at the study site were considered 
representative of the industry standard and therefore 
may be useful in assessing the health of farmed deer 
of similar age.

The observed blood analyte data in this study 
demonstrate the need for future investigations of ref-
erence intervals partitioned by age and sex in farmed 
WTD fawns. The establishment of reference intervals 
for neonatal and weanling WTD provides a standard 
for health assessment at critical time points when 
mortality rates are high primarily due to disease, loss 
of protective maternal antibodies, and stress of han-
dling (Cook et  al. 1971; Vreeland et  al. 2004; Harvey 
2012). Future studies for the development and appli-
cation of more sensitive and specific diagnostic bio-
markers are warranted to enable rapid identification 
of diseased WTD for therapeutic intervention and 
monitoring of WTD populations.
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